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ABSTRACT This paper describes bacterial organization on nano/micropatterned surfaces with different chemical properties, which
show different interactions with the biological systems (inert, biocompatible, and bactericide). These surfaces were prepared by molding
techniques and exposed to Pseudomonas fluorescens (P. fluorescens) cultures. Results from atomic force microscopy and optical imaging
demonstrate that the structure of P. fluorescens aggregates is strongly dependent on the surface topography while there is no clear
linking with the physical-chemical surface properties (charge and contact angle) of the substrate immersed in abiotic culture media.
We observe that regardless of the material when the surface pattern matches the bacterial size, bacterial assemblages involved in
surface colonization are disorganized. The fact there is not a relationship between surface chemistry and bacterial organization can
be explained by the coverage of the surfaces by adsorbed organic species coming from the culture medium. Viability assays indicate
that copper behaves as a toxic substrate despite the presence of adsorbed molecules. The combination of surface traps and biocidal
activity could act synergistically as a suitable strategy to limit bacterial spreading on implant materials.
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INTRODUCTION

In recent years, efforts have been made to improve the
surface properties of implants in such a way that mini-
mizes the reaction of the body to the foreign material,

facilitating cell adhesion (i.e., osseointegration), and avoiding
bacterial adhesion and motility on the surface (1). In this
sense, strategies considering surface chemical modification
(2) including self-assembled monolayers of molecules with
different functional properties (3, 4), grafting (5), ion implant
(6, 7), etc., and surface topographic modification by nano/
microstructuring surfaces (8, 9) have been studied in order
to control the interaction of the material with the biological
medium.

Topographic effects on the adhesion and growth of
eukaryote cells have already been reported (10-15). It was
found that many types of cell were very sensitive even to
small differences in the scale of the topography (16). Cells
responded to topography although the most effective di-
mensions of the features vary from one cell type to another.
However, the combined effects of topography and chemistry
modification of solid surfaces on cell adhesion is still under
debate (14).

One of the most common causes of implant failures is
related to biofilm formation and subsequent infection. Al-
though it is accepted that the surface roughness affects
bacterial adhesion to implant surfaces, it was also proposed
that the surface physical chemistry of the material has a
strong impact in this process (17). In fact, the attachment
of bacteria is not only influenced by topography but also by
the hydrophobicity/hydrophilicity and surface charge of the
substrate, and the bacterial surface charge, which is deter-
mined by ionic strength and pH. Even though plenteous
information can be found in relation to the effects of surface
properties on the adhesion of pioneer bacteria, i.e., bacteria
that initiate the colonization of the surface, little is known
about the impact of topography and physicochemical prop-
erties on the bacterial colonization rate, a key point related
to implant infection. To study the fundamental aspects of
bacterial organization, we need model surfaces, with differ-
ent but controlled chemical and topographical properties.

Recently, we have demonstrated that engineering gold
surfaces with patterns in the nano/micrometer range affects
the structure of Pseudomonas fluorescens (P. fluorescens)
aggregates related to adhesion and motility (18, 19). Patterns
tuning bacterial diameter or motility elements disorganize
bacterial aggregates, and induce changes in the direction,
size, and shape of the cells.

The aim of this work is to study the combined effect of
both topography and physicochemical properties of the
substrate surface on P. fluorescens organization and to
establish if one of them, topography or physicochemical
properties, dominates the aggregation processes. These
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microorganisms are frequently used as model species for
studying social motility of bacteria on solid surfaces. Accord-
ingly, we have studied the initial stages of P. fluorescens
organization on different nanostructured and submicrome-
ter structured materials: gold (inert material), copper (bio-
cidal material) and polyisobutylcyanoacrilate (PBCA), (highly
biocompatible material). These substrates have different
surface charge and hydrophilic/hydrophobic properties. We
use atomic force microscopy and epifluorescence optical
imaging to characterize bacteria organization on these
substrates.

MATERIALS AND METHODS
Substrates. Microstructured (MS) patterned surfaces were

prepared by molding and replication techniques, as described
elsewhere (20, 21). Briefly, a copper mold surface was deriva-
tized with a self-assembled dodecanethiol monolayer made by
immersion in a dodecanethiol-containing toluene solution for
24 h, in order to avoid surface damages during the release step
from the mold. The dodecanethiolate self-assembled monolayer
(SAM) acts as an efficient antisticking layer covering the entire
gold surface. The alkanethiolate-modified mold was then placed
about 30 min in pure toluene to remove the physisorbed
molecules forming multilayers. The deposition step comprised
different procedures, according to the material-made film: (i)
PBCA pouring directly on the mold surface; (ii) copper elec-
trodeposition from 0.6 M CuSO4.5H2O + 0.5 M H2SO4 + 0.024
mM thiourea electrolyte solution in a three-electrode conven-
tional electrochemical cell (counterelectrode, copper foil; refer-
ence electrode, copper wire j ) 20 mA cm-2); (iii) thermal
physical vapor deposition (PVD) of gold (operation pressure, 1
× 10-5 Pa, with the substrate kept at room temperature,
resulting in a 200 nm thick gold layer). After PVD, a copper layer
(about 10 µm thick) was electrodeposited (at the same condi-
tions mentioned above) in the back of the film in order to have
a mechanically stable gold substrate. The films were released
from the mold using tweezers and immediately used as sub-
strate. A scheme of the steps involved in surface molding is
shown in Figure 1. As control, substrates of each material having
randomly oriented grains of 50-100 nm in size have been used.
Copper and gold controls are vapor deposited on random
nanostructured metal (NS substrates) prepared by deposition
of 200 nm metal layer on a glass covered by a thin Cr layer,
purchased from Arrandee (Germany). The gold substrates were

exposed for a while to butane flame, in order to eliminate any
adsorbed environmental organic compounds, and then rinsed
with Milli-Q water. With the purpose of emulate grains present
on metallic surfaces, a PBCA NS substrate was prepared by
molding techniques as described above by using a gold master
with a hexagonal array of nanoholes (50 nm in size, 6 nm deep)
covered by a dodecanethiol SAM. On this master, an aliquot of
all-purpose commercial cyanoacrylate glue, used as alternative
to suture for closing injuries (La Gotita, Poxipol, Argentina) was
poured on the master and let it cure for 24 h. The PBCA layer
was peeled off from the master, supported on a glass slide, and
used as substrate for bacteria colonization. In the particular case
of PBCA, we have also tested random “granular-like” micro-
structured surfaces (RMS) prepared by polymer casting on
dodecanethiol-covered flame annealed vapor-deposited gold.

Bacterial Cultures and Adhesion. P. fluorescens were main-
tained in Cetrimide agar at 28 °C. The inoculum was prepared
by suspending a Cetrimide agar slant (24 h old) in 2 mL of sterile
nutrient medium. Afterward, the inoculum was poured into an
Erlenmeyer flask containing 300 mL of the rich nutrient broth
medium (Merck) and kept on a rotary shaker for 3 h at 28 °C.
After 24 h growth, the substrates were placed into the culture
for 2 h so as to allow bacterial adhesion. The substrates were
then removed and washed gently by immersing in double
distilled sterile water in order to eradicate those cells which were
not tightly attached to the surface. Irreversibly adherent cells
were fixed by drying in a nitrogen atmosphere at a relative
humidity greater than 70%. A duplicate series of experiments
and three numbers of replicates were carried out.

AFM and Epifluorescence Microscopy. Tapping and contact
mode atomic force microscopy (AFM) (Nanoscope IIIa, Digital
Instruments, Santa Barbara CA) was used to characterize the
substrates using silicon tips (Nano World Arrow NCR, spring
constant: 42 N/m, resonance frequency: 285 kHz) and silicon
nitride tips (Veeco, Nanoprobes NP, spring constant: 0.12 N/m),
respectively. Also, it was used to image early stages of biofilm
formation at nanometer scale. In all cases, the topographic
mode was used to image the samples.

To investigate the entire substrate colonization, we dyed cells
with acridine orange and imaged by using epifluorescence
miscroscopy technique. The samples were rinsed in double
distilled sterile water and stained for 5 min with the fluorescent
nucleic acid stain acridine orange at a concentration of 0.02%
w/v. Next, samples were rinsed with double distilled sterile
water to remove excess stain. Microbial cells attached to the
substrate were imaged using an optical microscope (Olympus
BX-51) with the WB 2# filter cube in the light path (excitation
filter BP 450-480 nm).

Viability Assays. NS gold, NS copper, and NS PBCA sub-
strates were each exposed to a P. fluorescens culture for 2 h.
After that, the substrates were rinsed with NaCl solution 0.9 and
dyed by using the LIVE/DEAD Baclight viability kit (Invitrogen).
The Live/Dead kit includes the green fluorescent DNA-binding
stain SYTO 9 and the red fluorescent DNA-binding stain pro-
pidium iodide (PI), enabling the determination of bacterial
viability from the difference in membrane integrity in embed-
ded cells. When used alone, the SYTO-9 stain generally labels
all bacteria in a population, whereas propidium iodide pen-
etrates only bacteria with damaged membranes, causing a
reduction in the SYTO-9 stain. The live/dead stain was prepared
by mixing 30 µL of staining component A (SYTO 9) and 30 µL
of staining component B (propidium iodide) and diluting the
mixture to 1/200 in distilled water. Six microliters of the dye
was poured on each substrate and they were then kept in the
dark for 15 min at room temperature. After that, the substrates
were rinsed with sterile H2O. Fluorescent bacteria were visual-
ized by epifluorescence with an Olympus BX-51 microscope.
The microscope filters used were U-MWG2 (excitation 510-550

FIGURE 1. Schematic illustration of the complete procedure for
fabrication of polymeric and metallic nano/microstructures by the
nanotransfer molding method.
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nm and emission 590 nm) and U-MWB2 (excitation 460-490
and emission 520).

Bacterial viability was calculated from the ratio of the number
of intact cells stained with SYTO-9 to the total number of cells
(intact plus propidium iodine positive (damaged) cells). The
measurements were made for at least 10 randomly recorded
images.

Bacterial Surface Charge and Wetting Properties of the
Substrate. The bacterial cell wall surface hydrophobicity and
Lewis acid base electron donor/electron acceptor properties of
the P. fluorescens were determined by MATS (Microbial Adhe-
sion to Solvents) described by Bellon Fontaine et al. (22). This
method is based on the comparison between microbial cell
affinity to a monopolar solvent and an apolar solvent.

Equilibrium contact angle measurements have been carried
out using a Ramé-Hart Model 500 goniometer (Ramé-Hart
instrument Co., USA) in the contact angle mode with water as
liquid probe. Each data of contact angle is the average result of
10 measurements performed on both, left and right side of the
drop. Images were analyzed with DROPimage Advanced v2.2
software. In the case of copper, measurements after immersion
of the substrate in the culture medium for 2 h were also made
to assess the effect of organic substances adsorption on the
wetting properties.

Electrochemical Measurements. To investigate surface charge
and voltammetric response of the surface due to adsorbed
species, open circuit potential and voltammetric runs were
carried out using a three-electrode electrochemical cell. The
potential was measured against a saturated calomel electrode
(SCE) by using a potentiostat (PAR 362, EG&G Instruments). As
counterelectrode, a platinum sheet was used. In the open circuit
potential measurements, NS copper or NS gold substrates were
used as working electrode and the P. fluorescens culture in
nutrient broth was used as electrolyte. In the case of cyclic
voltammetry, the working electrode was NS gold and the
electrolyte was a 0.5% p/v NaCl solution. The substrate was
immersed either in sterile broth or in serum albumin dissolution
for different times and then used as working electrode in the
electrochemical cell. To emulate the concentration of serum
albumin contained in blood, 34 g/L dissolution was used. Serum
albumin (Sigma-Aldrich, 99%) was dissolved as received in
phosphate buffer solution (PBS) at pH 7.2.

RESULTS
For each material, gold, copper, and PBCA, two different

types of patterned surfaces (NS, MS) were prepared. The
AFM images of the NS gold (Figure 2a) and NS copper (Figure
2c) surfaces show small grains 75 ( 25 nm in size and 8 (
2 nm in height (Figure 2a). The root-mean-square roughness
(w) of these surfaces, defined as �Σ(zi)2/N where zi is the
value of individual heights and N is the number of points,
measured on 10 µm2 AFM images is w ) 3 nm and w ) 2.5
nm for gold and copper, respectively. On the other hand,
the AFM images of the PBCA surface (Figure 2e) reveal a
hexagonal array of nanodots (1011 cm-2 dot density, 45 ( 5
nm in average size, 6 ( 1 nm in average height) with w ) 5
nm, also measured on 10 µm2 images. This PBCA surface
was used to emulate the topography of “nanocrystalline”
(NS) metal surfaces.

The second type of substrate, for gold, copper, and PBCA
has a submicrostructured (MS) topography consisting in a
grid of about 550 nm wide rows separated by 650 nm wide
and average 120 nm deep channels for gold and PBCA
(Figure. 2b,f) and 840 nm wide rows and 320 wide channels
for copper, which implies that the wavelength and amplitude

are 1.2 µm and 120 nm, regardless of the material. In this
case the w value (from 10 µm2 AFM images) is 39 nm.

The width of the channels tune very well with the bacte-
rial diameter. Similar patterned features on gold surfaces
have proved to show strong effects on the early stages of
bacterial colonization, as previously reported (14). In the
particular case of PBCA, we have also tested random “granu-
lar-like” microstructured surface (RMS) with grain size 1-5
µm, height 80-125 nm, and w ) 18 nm (Figure 2g).

FIGURE 2. AFM images showing the typical features of the different
nano/microstructured substrates used for bacteria colonization. The
respective cross-section of each image is placed on bottom. (a) AFM
image (topographic contact mode), 1 × 1 µm2) of gold NS surface,
(b) AFM image (topographic contact mode, 10 × 10 µm2) of gold MS
surface, (c) AFM image (topographic contact mode, 1 × 1 µm2) of
copper NS surface, (d) AFM image (topographic contact mode, 10 ×
10 µm2) of copper MS surface, (e) AFM image (topographic tapping
mode, 1 × 1 µm2) of a PBCA NS surface, (f) AFM image (topographic
contact mode, 10 × 10 µm2) of a PBCA MS surface; (g) AFM image
(topographic tapping mode, 10 × 10 µm2) of a RMS PBCA surface.
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The surfaces described above were used to study bacterial
colonization. The surface physical-chemical properties of the
substrates are summarized in Table 1.

Bacterial Colonization on Nanostructured Sur-
faces (NS). Figure 3 shows AFM images of bacteria at-
tached to the NS surfaces after 2 h of colonization. It should
be noted that the resulting biofilm is formed by both,
bacteria from broth and bacteria from duplication of the cells
attached to the substrate.

On PBCA, the number of isolated bacteria on this surface
is small. Most of the bacteria form close-packed aggregates
where they are aligned forming raftlike structures (Figure
3d). Flagella can be clearly observed around the aggregates
of cells. It has been reported that two-dimensional (2D)
raftlike structures favors the displacement of moving bac-
teria across surfaces in a cooperative way, probably reducing
the shielding stress with the liquid medium and the friction
with the substratum with respect to those of isolated cell
(19, 23, 24). This type of 2D aggregates can also be observed
on NS gold surfaces (Figure 3a,b). Similarly to NS PBCA
results, only a few isolated bacteria are detected. The identi-
cal bacterial behavior can be related to the nanostructure
analogy of the substrates. Nanocrystalline gold have grains
75 nm in average size, matching the 50 nm dots in the
polymer surface, and w ) 3 nm, very close to the 5 nm
measured for the polymer surface. Experiments made under
70% humidity (Figure 3a) and those in liquid media (Figure
3b) show identical results. On copper surfaces, we also
observe isolated bacteria (Figure 3c) surrounding three-
dimensional aggregates (inset in Figure 3c). In contrast to
gold and PBCA, in this case the initial colonization proceeds
by bacterial accumulation in a three-dimensional (3D) struc-
ture. A detailed inspection on large substrate areas shows
no evidence of raftlike structures, as the aggregates are
highly disorganized.

In order to explore the distribution and biological activity
of cells on large areas of substrates, epifluorescence micros-
copy images were taken (Figure. 4). Bacteria shown in Figure
4 were dyed with acridine orange and imaged by epifluo-
rescence microscopy. This dye is a nucleic-acid-selective
fluorescent cationic dye useful for cell cycle determination.
Acridine orange fluoresces either green or red, depending
on the nature of the binding reaction with nucleic acid. The
color of acridine orange-stained bacteria is frequently used
as an indication of the activity of the cells. Actively metabo-
lizing cells would be expected to have higher RNA content
and thus appear orange with acridine orange staining (25).
The three-dimensional structure of copper aggregates can

Table 1. Comparison of Topographic and Physicochemical Properties of the Different Substrates and Main
Organization Structure of P. fluorescens*

topographic properties physicochemical properties

substrate pattern
wavelength

(nm)
w

(nm)
surface charge
(mV), pH 7.7

contact
angle main organization structure

gold random nanocrystalline (NS) 75 3 pzc ≈ -600 mV
(vs SCE)c

51.7 ( 0.1 raft + two-dimen-sional
ordered aggregates

inert

channels (MS) 1300 40 97.5 ( 0.3 isolated bacteria +
disorganized rafts

PBCA nanodots (NS) 50 5 -30 near neutralb 83.7 ( 0.1 raft biocompatible
random granular (RMS) 2700 18 82.8 ( 0.2 disorganized rafts
channels (MS) 1300 40 78.1 ( 0.1 isolated bacteria +

disorganized rafts
Cu/Cu2O random nanocrystalline (NS) 81 2.5 pzc ≈ -310 mV

(vs SCE)a IP ≈ 9.5
90.1 ( 0.1 isolated bacteria +

three-dimensional aggregates
toxic for microbes

channels (MS) 1400 37.3 98.6 ( 0.1 isolated bacteria +
disorganized rafts

a From ref 36. b From refe 37. c From ref 38. * Bacterial structures formed after immersion in the P. fluorescence culture for 2 h.

FIGURE 3. Images of P. fluorescens on NS substrates after 2 h of
immersion in the P. fluorescens culture: (a) Gold (AFM, topographic
contact mode, high pass filtered, 20.5 × 20.5 µm2); inset: as-taken
AFM image (topographic contact mode 19.7 × 19.7 µm2) of bidi-
mensional ordered aggregates. (b) Gold (epifluorescence image in
liquid medium, for experimental details see the Supporting Infor-
mation). (c) Copper (AFM, topographic contact mode, high pass
filtered, 20.7 × 20.7 µm2); inset: cumulus (AFM, topographic contact
mode 20.6 × 20.6 µm2). (d) PBCA (AFM, topographic contact mode,
high pass filtered 17 × 17 µm2). Flagella around aggregates can be
clearly seen.
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be clearly seen in Figure 4b. A large amount of bacteria
arranged in a rather disordered way forms the first layer of
cells. Cells attached directly on the surface are green-colored,
whereas those placed onto this first layer of bacteria fluo-
resce orange. These facts indicate a decrease in RNA pro-
duction in the case of cells in contact with the toxic copper
surface (26). On the other hand, bacteria forming the biofilm
on gold and PBCA (Figure 4a, c) evidence a higher cell
activity, indicated by orange florescence due to higher RNA
production. In this context, it is valid to assume that on
copper substrates, bacteria attached directly on the surface
have a less cell activity, due to the toxic effect of copper ions
and copper oxide on microbes. These qualitative results
were quantified by viability assays carried out by using the
Live/Dead BacLight kit. As can be seen in Figure 5, the
number of viable cells attached on Au and PBCA substrates
are markedly higher than those attached on copper surfaces.

Bacterial Colonization on Microstructured Sur-
faces (MS). It has been previously reported that the
formation of raftlike structures are important in cooperative
movement of bacteria colonizing a solid surface (23, 24). In
particular, when swarming motility is involved, a certain
level of wetness is required for movement (24). We have
reported in previous works (18, 19) that MS topographies
are good places for avoiding the formation of that raft-like
structures and RMS surface features seem to fulfill the same
role, as will be described in the next paragraphs.

AFM images taken on a RMS polymer surface (Figure 2g)
show that attached bacteria form randomly distributed long,
open and ramified patterns formed by 1-5 bacteria in width
(Figure 6a). Most of them are placed within the valleys
around the polymer granules (Figure 6b). A close inspection
of the ramified structures (Figure 6b) reveals that they are
formed by aggregates of close packed and aligned bacteria,
but they cannot reach the raftlike configuration. Flagella
emerging from the cells are also clearly visible on the images
and seem to connect neighboring cells. These images sug-
gest that the random substrate microstructure hinder the
formation of larger and well-organized rafts as those formed
on the NS surfaces.

Interestingly, the organization of bacteria attached to MS
surfaces is quite different to those formed on NS surfaces,
irrespective of the substrate (Figure 7). In fact, we observed
a large number of isolated bacteria trapped at the channels
(see white arrows in Figure 7) aligned with the channel axis
following the pattern direction. The other ones have pre-
ferred orientations that are mainly aligned forming 90-45° to
the channels (Figure 7a,d). Epifluorescence images taken in
liquid without drying the sample (Figure 7b) show that
bacteria are aligned along the trenches that in this micros-
copy appear as bright stripes. More important, the ag-
gregates formed on MS are smaller and more disorganized
than the raftlike structures formed on NS. The possible
sliding movements of the aggregates on the substrate seem
to be hindered. In fact, only a few bacteria into the ag-
gregates are aligned and close packed (Figure 7). In most
cases, these aggregates appear oblique to the channels in
such a way that avoid being trapped. It should be noted that

FIGURE 4. Epifluorescence microscopy images of NS substrate after
2 h of exposure to broth. (a) gold substrate; (b) copper substrate; (c)
PBCA substrate.

FIGURE 5. Percent of viable cells attached on gold, copper, and PBCA
substrates.

FIGURE 6. (a) 60 × 60 µm2 AFM image, contact mode, of P.
fluorescens on polymeric RMS substrates. (b) High pass filtered
image of image a. Some granules are marked with dotted lines (see
also Figure 2 g).
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if we only consider the isolated cells, those placed within the
channels represent more than 70% of the cells in both, MS
and RMS surfaces (Figure 8). The number of cells placed
within the channels was calculated from the AFM images by
counting them. This number was estimated from 10 differ-
ent images. In the RMS case, this percentage is slightly larger
than in the former, because those grooves are wider than
cell size and thus more bacteria can be accommodated
within the channels and reproduce within them.

It is worthwhile to compare the influence of the PBCA
topography (roughness, wavelength) on bacterial organiza-
tion. The average roughness and wavelength of the RMS are
18 nm and 2.7 µm, respectively, whereas the values for
PBCA MS substrates are 40 nm and 1.3 µm, respectively
(Table 1). This means that RMS substrates are smoother than
MS surfaces, and with channel dimensions larger than
bacteria size (Figure 6). In both cases, the whole effect is to
hinder the formation of raftlike structures on RMS substrates,
but the trapping of cells is less efficient than that on the MS

surfaces, where the size of channels matches the size of
bacteria. However, bacteria seem to climb the channel wall
easier than the RMS grains.

It has been reported that cells change their morphology
in order to adapt to external conditions and to optimize
mechanisms such as attachment to surfaces and motility
(27). Also, changes in the morphology of cells depending on
the characteristics of the substrate have been found (28). To
compare the length of attached and planktonic cells, we
measured the length of planktonic ones, resulting in 1.86 (
0.6 µm, in good agreement with data reported in the
literature (29). Statistical analysis of the attached bacterial
length reveals different average values when it is compared
with those obtained for planktonic cells. In fact, most
bacteria attached on NS, in particular on gold, and non-
trapped bacteria on MS substrates are longer than the
average length of planktonic cells (Figure 9). In contrast,
most of the trapped bacteria on gold, PBCA, and copper MS
surfaces are shorter than the planktonic ones.

We speculate that this increase in length is due to the
ability of nontrapped bacteria to move and colonize the
surface by using swarming mechanism of motility as well
as to connect neighboring aggregates. In fact, it has been
reported that “swarm cells” are longer than single cells
because elongation is favored by the alignment of the
group by means of extensive side-by-side cell-to-cell
contacts (27). This kind of alignment can be seen in Figure
3(a) and 3(d). In contrast, trapped bacteria on MS substrates
cannot form rafts in order to move on the surface and in
consequence they are shorter than those “free to move”.

Surface Charge of P. fluorescens. The surface
charge of P. fluorescens should be important in determining
its interaction with substrate surfaces. Our results using
MATS (22) indicate a higher affinity of the bacteria to
chloroform, an acidic solvent, than hexadecane. The electron-
donor character can be attributed to the presence of basic
groups in the cell surface (22, 30) such as carboxyl (COO-),

FIGURE 7. Images of P. fluorescens on MS substrates: (a) Gold (AFM,
topographic contact mode, high pass filtered, 25 × 25 µm2). (b) Gold
(epifluorescence image in liquid medium, for experimental details
see the Supporting Information). (c) Copper (AFM, topographic
contact mode, high pass filtered, 24.3 × 24.3 µm2). (d) PBCA (AFM,
topographic contact mode, high pass filtered, 25 × 25 µm2). White
arrows show isolated bacteria; black arrows show apparently du-
plicated cells.

FIGURE 8. Statistical analysis of isolated bacteria placed within the
grooves on MS and RMS surfaces.

FIGURE 9. Histogram showing the percentage of bacteria attached
on the different substrates that are longer or shorter than planktonic
ones, represented as 0 line.
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phosphate (PO4
2-), and amino groups (NH2). These results

for P. fluorescens cells are in accordance with previous
studies showing that P. fluorescens exhibits a negative zeta
potential of -10 mV (31-33). Therefore, we can conclude
that the bacteria exhibit a hydrophilic and negatively charged
surface. This could explain why P. fluorescens seems to
interact with positively charged polycrystalline gold surfaces
displacing water and anions from the interface when they
are immersed in a medium free of organic substances that
can be adsorbed on the surface, as revealed by the increase
in intensity with time of amide I and amide II protein bands
in IR spectra (34).

DISCUSSION
There is plentiful information concerning the influence

of the physicochemical properties of the substrate and
bacterial surface (2-4), the medium properties (composi-
tion, ionic strength, pH, etc.) (35), and substrate topography
(8, 9) on the initial attachment of individual cells. Subse-
quently to this attachment colonization proceeds and bac-
teria either join themselves to form a 3D structure or move
and spread on the bare surface. In the present work, we
study the effect of bacteria and substrates surface properties
on bacterial organization for a particular medium composi-
tion and bacteria strain. Therefore, our results using three
different materials with controlled topographies but mark-
edly different physicochemical properties allow us to discuss
the relative contribution of these factors on the organization
of these bacteria.

Potential of zero charge (pzc), isoelectric point (IP),
surface charge, and equilibrium contact angle data for our
nano/microstructured surfaces are shown in Table 1. As
expected, this data reveal that nanostructured gold is the
only hydrophilic surface that turns hydrophobic when the
surface patterns are introduced. PBCA and copper behave
as hydrophobic surfaces irrespective of the topography.

Now we turn on the surface charge of our substrates.
Electrochemical measurements show that the open circuit
potentials value after 2 h of immersion in the culture media
are 153 mV and -28 mV vs SCE for gold and copper,
respectively. For gold the 153 mV value is more positive than
the zero charge potential (Table 1) so that the gold surface
is positively charged. The -28 mV value for the copper
substrates is also more positive that the pzc of copper (-310
mV). However, electrochemical data indicate that in neutral
media the copper surface is progressively covered by Cu2O
(39) so that the isoelectric point is a better variable to analyze
surface charge. As copper exhibits IP ≈ 9.5 (Table 1) the
surface charge of the copper substrate is also positive at the
pH value of the culture media (pH 7.6). Finally, the PBCA
surface is slightly negatively charged (Table 1). All these con-
siderations are valid regardless of the substrate topography.

We start our discussion of the influence of physical
chemical properties of the surface on bacterial organization
on the nanostructured substrates on the light of the surface
charge of the substrates and wettability. If surface charge is
the main factor in cell organization, the positively charged
gold and copper surfaces should promote similar bacterial

adhesion and organization. However, the AFM and optical
microscopy images reveal very different bacterial patterns.
Notwithstanding that Au and PBCA have opposite surface
charges they exhibit similar bacterial patterns. Therefore one
can conclude that bacterial distribution and organization
does not depend crucially on the surface charge that exhibit
the bare substrate. The lack of correlation between surface
charge and adhesion was also observed in previous studies
(40). On the other hand, in these reports, the key role of
hydrophobicity in promoting bacterial adhesion was em-
phasized (41). It has recently found that the hydrophilic P.
putida adsorbs in an irreversible way on hydrophobic sur-
faces (dodecanethiol-covered gold) by dispersive forces
while adsorption on hydrophilic surfaces (mercaptounde-
canol-covered gold) is reversible (42). In the latter case,
bacteria need to displace the water molecules from the
surface turning this process unfavorable. A major role of
hydrophobic groups, supposed to be associated with bacte-
rial surface appendages, is suggested to be its dehydrating
capacity, enabling the removal of the vicinal water film
yielding small areas of direct contact between protuberant
parts of the cell surface and the substratum (43, 44). In our
case, Au is hydrophilic, whereas the Cu2O covered surface
is hydrophobic (45, 46), a difference that could explain the
2D to 3D dissimilar patterns. However, Au and PBCA exhibit
similar 2D bacterial patterns being Au hydrophilic and PBCA
closely hydrophobic (Table 1). Thus, although surface charge
and wetting properties have been considered crucial factors
in determining cell/surface interactions (47, 48) of pioneer
bacteria, some recent works (49) and our results show no
clear linking between these variables and bacterial adhesion.

We speculate that this behavior could be related to the
presence of an adsorbed layer of organic substances from
the culture media. To confirm the role of adsorbed organic
matter present in the culture media in modifying the surface
properties, we have performed different measurements.
Figure 10 shows the voltammetric response in the double
layer region of NS gold recorded in NaCl solution before and
after 2 h of immersion in sterile broth. The capacitance of
the electrochemical double layer is markedly reduced after

FIGURE 10. Cyclic voltammograms of gold in NaCl 0.5% p/v at 0.1
V/s. Dashed line, untreated gold; solid line, gold after 2 h of
immersion in sterile broth. Inset, double layer capacitance vs time
of immersion: red circles: gold immersed in sterile nutrient broth;
blue circles: gold immersed in 34 g/L serum albumin dissolution.
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immersion in the sterile culture media. The inset shows the
time dependence of the capacitance. It is evident that the
gold surface is rapidly blocked due to the adsorption of
organic species present in the culture media. A similar
response has been observed for the adsorption of different
negatively charged proteins on gold surfaces (34, 50). We
have also measured the double layer capacitance of NS gold
substrates in contact with an aqueous solution containing
34 g/L of serum albumin. Again our results show a marked
decrease in the capacitance with the immersion time (Figure
10 inset), although the adsorption process is faster than that
observed for the organic species present in broth. This
observation is in agreement with previous results showing
that the open circuit potential of gold in PBS reaches a
constant value after 10-15 min of immersion in serum
albumin (51). Note that the double layer capacitance of gold
(Figure 10 inset) decreases after 2 h of immersion until
reaching the same value, regardless of the solution.

The electrochemistry of oxide covered copper surfaces
in chloride-containing media is much complex than that for
gold, so that the behavior of the copper surfaces in contact
with the sterile medium was explored using contact angle
measurements. We observed that the angle of the water
drop measured on NS copper surfaces changes from 90 to
66° after 2 h of immersion in sterile broth, indicating that
the copper surface changes from hydrophobic to hydrophilic
due to the adsorption of organic species coming from culture
medium. It should be noted that although such adsorbed
organic species change the wetting properties of the copper
surface, they do not prevent the toxicity of the substrate, as
the cellular activity of bacteria in contact with the surface
remains lower than on Au after 2 h of exposure (Figures 4
and 5). From these results, it can be concluded that the
properties of the substrate surfaces are rapidly modified by
a hydrophilic layer of chemical species (mainly organic
substances) coming from culture medium that change the
surface properties of the bare material. We speculate that
organic species (mainly proteins from the nutrient broth)
displace adsorbed water molecules, as it is well-known that
proteins adsorb on gold at open circuit potential. Moreover,
after short periods of exposure, they block the surface
hindering electron transfer processes (52). Thus, the surface
modified by the hydrophilic layer seems to favor cell adhe-
sion by specialized sites located on the flagella (42). Similar
results have been found when SAMs- modified surfaces are
incubated in fibrinogen dissolutions (53). Note that in some
assays such as those reported in ref 35, bacteria are resus-
pended in a buffer solution and no organic matter from the
culture media is present, in contrast to our system, where
large amount of proteins is present. However, it should be
noted that in real systems such as implantable materials,
they are in direct contact with biological fluids that contain
large amounts of proteins.

Another fact to be considered is that during the transition
from reversible to irreversible adhesion on surfaces bacteria
produce extracellular polymeric material (EPM), consisting
of different molecules, ranging from homopolysaccharides

to more complex heteropolysaccharides (54). Similar argu-
ments to those mentioned previously have been used to
interpret the difference of cell adhesion according to EPM
production: If the amount of EPM is relatively small, cell
adhesion onto solid surfaces is driven by electrostatic inter-
action, and if it is relatively large, cell adhesion is enhanced
by polymeric interaction (55). Consequently, the presence
of organic substances from the culture media or from EPM
seems to have a similar influence in the sense of hindering
the effect of electrostatic interactions, which consequently,
do not have a key role in the organization of cells.

In contrast to chemical properties, a close inspection to
Table 1 indicates that there is a good linking between
bacterial organization and substrate topography. Smooth
(nanocrystalline) gold and nanopatterned PBCA promote
ordered aggregates and rafts, being the last the main struc-
ture found in PBCA. The formation of three-dimensional (3D)
aggregates on copper rather two-dimensional (2D) structures
can be explained considering copper ions toxicity that
promotes bacterial gathering in such a way to exhibit the
lowest number of cells in contact with the substrate. On the
other hand, topography features tuning with bacterial diam-
eter, results in the disorganization of the assemblage and
then cooperative bacterial spreading could be restricted. The
relationship between colonization and roughness is com-
plex; however, our results show clearly that those surface
features that act as “traps” hinder the formation of microbial
structures related to the efficient collective bacterial motion
on surfaces. This observation that was first reported on gold
(18, 19) can be now extended to other kind of materials. Also
noteworthy is the fact that the traps affect the formation of
raftlike structures, but it does not seem to impede cell
proliferation. Some evidence of bacterial duplication can be
observed on the MS substrates (see arrows in Figure 7). It is
possible that some of the dividing cells were not effectively
adhered to the surface, but retained close to that by append-
ages or EPM material. In any case, daughter bacteria take
part of cell aggregates because they could not be removed
after rinsing.

The results presented in this work are in agreement with
previous papers in which the adhesion and growth of eu-
karyotic cells was investigated from the point of view of
chemical properties and surface topography (13-15, 56, 57).
In those studies, results showed that the topography be-
comes more significant than chemistry of the surface for cell
adhesion and orientation into grooves of different pitch
when the depth of microfeatures were in the range of 0.5-1
µm15. It has been proposed that the response of the eukary-
otic cells to topography involved the cytoskeleton of the cell
to a marked extent (14). In our case, bacteria cells behave
in a similar way, regardless of the chemical properties of
surfaces when the depth of channels is at least 100 nm. On
the other hand, we have previously reported that channeled
nanostructured substrates of ∼40-250 nm wavelength and
4-20 nm in depth, have only small effects on bacterial
adhesion and orientation (18).
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Finally, a comment should be made on the experimental
conditions used to image the bacteria organization on the
different substrates. In fact, it could be hypothesized that the
structure of the aggregates and bacterial shape and size are
a consequence of capillary forces acting during sample
drying (58). It is well-known that dewetting has strong
influence on colloid distribution on surfaces (59-61). How-
ever, results recently reported indicate that adhesion of
bacteria differ markedly from colloidal particles because of
the presence of appendages that rearrange during the adhe-
sion until bacteria are positioned in the energetically most
favorable position (44). To eliminate this possibility we have
made control experiments using the substrates kept im-
mersed in sterile water. The results are shown in Figures 3b
and 7b (see the Supporting Information for experimental
details): the images taken with the immersed substrates
exhibit the same morphologies as those imaged by AFM, i.e.,
bacterial rafts on NS substrates and isolated microbes
trapped on MS substrates. This is not surprising because we
are always working with a relative humidity larger than 70%,
as it has been reported that a relative humidity of 55%
allows maintenance of cell surface wettability and prevent
cellular dehydration (62).

CONCLUSIONS
Results from atomic force microscopy and optical imag-

ing demonstrate that the structure of bacterial aggregates
formed during the early stage of biofilm formation in organic
substances-containing media is strongly associated with the
surface topography, roughness and toxicity, while there is
no clear linking with the physicochemical surface properties
(charge and contact angle). In fact, results show that cells
respond in similar ways to the same topography on surfaces
that are chemically very different. We assign the lost of
chemical effects in our systems to the formation of a layer
of adsorbed chemical species from broth and to the produc-
tion of EPM by bacteria that change the original charge and
wetting properties of the bare surface of the substratum. We
observe that, irrespective of the material, only when the
surface pattern tunes the microbial size, the organization of
bacterial assemblage in rafts is hindered resulting in groups
which are disorganized at the individual level. Viability
assays indicate that copper behaves as a toxic substrate
despite the presence of adsorbed organic molecules. There-
fore, a reasonable speculation is that the suitable combina-
tion of surface traps on the substrate and a particular biocide
could act synergistically as a proper strategy to limit bacterial
spreading. This is a key point to reduce the rate of bacterial
colonization of implantable materials.
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